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NMR Methods for Studying the Structure and
Dynamics of RNA
Michael P. Latham,[a] Darin J. Brown,[a] Scott A. McCallum,[a, b] and Arthur Pardi*[a]

1. Introduction

RNAs have been shown to play important roles in an increas-
ing variety of biological functions, with functions ranging from
carrying genetic information to catalysis and regulation. One
of the goals of RNA structural biology is to understand how
structure and dynamics lead to a specific function of an RNA.
Solution NMR spectroscopy represents an important tool for
probing the structure and dynamics of RNA and RNA–protein
or –ligand interactions. In addition, NMR relaxation methods
can be used to obtain dynamic data on timescales ranging
from picoseconds to seconds.

In the past few years, the molecule size limit for studying
RNA by NMR spectroscopy has increased to beyond 20 kDa.
The “divide-and-conquer” approach has long been used to
study the structure of smaller pieces of large RNAs. However,
general methods were not readily available for combining data
from the individual fragments for use in the structure refine-
ment of the larger RNA. Structure determinations of larger
RNAs are becoming more routine with recent advances in iso-
topic-labeling strategies, the ability to directly determine hy-
drogen-bonding interactions, and methods for obtaining the
global structure of a molecule through long-range structural
constraints. The measurement of residual dipolar coupling
data in partially oriented media is having an enormous impact
on the ability to determine the global structures of RNAs,
which are often comprised of multiple helical domains. In addi-
tion, dynamic information on RNA has become accessible
through NMR relaxation data. Some of these developments in
NMR studies of RNA have recently been reviewed.[1,2] Thus, we
will focus here on methodologies that we expect will signifi-
cantly impact NMR studies of RNAs: improvements in the ac-

quisition and analysis of residual dipolar coupling data, novel
applications of HNN-COSY techniques to probe secondary and
tertiary structure, and additional isotopic-labeling strategies
that simplify the NMR spectra of larger RNAs. We will also pres-
ent 13C-relaxation data on the minimal hammerhead ribozyme,
demonstrating that the conserved core in this catalytic RNA
has multiple residues with microsecond dynamics.

2. Synthesis and Purification of RNA Samples
for NMR Studies

One of the challenges in NMR studies of RNA is the require-
ment for milligram quantities of pure (usually 13C- and/or 15N-
labeled) material. Most RNA oligomers for NMR spectroscopy
are synthesized by in vitro transcription with a DNA-dependant
RNA polymerase, such as T7 RNA polymerase.[3] RNA can also
be produced by chemical synthesis and this is a practical
option for small, unlabeled RNAs. T7 RNA polymerase requires
a guanine residue on the 5’ end of the RNA transcript, and the
efficiency of the transcription reaction is very dependant on
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Proper functioning of RNAs requires the formation of complex
three-dimensional structures combined with the ability to rapidly
interconvert between multiple functional states. This review
covers recent advances in isotope-labeling strategies and NMR
experimental approaches that have promise for facilitating solu-
tion structure determinations and dynamics studies of biological-
ly active RNAs. Improved methods for the production of isotopi-
cally labeled RNAs combined with new multidimensional hetero-
nuclear NMR experiments make it possible to dramatically reduce
spectral crowding and simplify resonance assignments for RNAs.
Several novel applications of experiments that directly detect hy-
drogen-bonding interactions are discussed. These studies demon-
strate how NMR spectroscopy can be used to distinguish between
possible secondary structures and identify mechanisms of ligand

binding in RNAs. A variety of recently developed methods for
measuring base and sugar residual dipolar couplings are de-
scribed. NMR residual dipolar coupling techniques provide valua-
ble data for determining the long-range structure and orientation
of helical regions in RNAs. A number of studies are also presented
where residual dipolar coupling constraints are used to determine
the global structure and dynamics of RNAs. NMR relaxation data
can be used to probe the dynamics of macromolecules in solu-
tion. The power dependence of transverse rotating-frame relaxa-
tion rates was used here to study dynamics in the minimal ham-
merhead ribozyme. Improved methods for isotopically labeling
RNAs combined with new types of structural data obtained from
a growing repertoire of NMR experiments are facilitating structur-
al and dynamic studies of larger RNAs.
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the specific sequence at the 5’ end of the RNA. In vitro tran-
scription with T7 RNA polymerase often produces inhomoge-
neous 3’ ends due to the incorporation of one or more extra
random-sequence nucleotides by the polymerase.[3] This prob-
lem can be reduced by substituting a 2’-methoxyribose sugar
for the last two nucleotides (or only the penultimate nucleo-
tide) on the DNA template.[4]

Other methods have also been developed for improving the
yield and reducing the heterogeneity of RNA produced by in
vitro transcription with T7 RNA polymerase. For poorly tran-

scribing RNAs, the addition of a sequence at the 5’ end that
transcribes more efficiently followed by cleavage of this se-
quence with template-directed RNase-H can substantially im-
prove the large-scale production of RNA.[5] Heterogeneity at
the 3’ (and 5’) end(s) of T7 transcripts can be completely over-
come by employing cis- or trans-acting ribozyme(s) that specif-
ically cleave the transcript to leave homogeneous length
RNA.[6,7] Eliminating the heterogeneity at the 3’ (and if necessa-
ry 5’) end of the RNA significantly improves the yield of the
desired RNA and enormously simplifies the purification.[8]

NMR structures of small RNAs can be obtained from studies
of unlabeled molecules, but the high degree of overlap in RNA
spectra means that 13C and/or 15N labeling is required for NMR
studies of most larger RNAs. Labeled nucleotides are typically
obtained by growing bacteria on a minimal medium with
15NH4Cl as the only nitrogen source and/or 13C-glucose or 13C-
methanol as the only carbon source.[9–11] The RNA is extracted
and degraded to ribonucleoside monophosphates (rNMPs),
which are then purified and enzymatically phosphorylated to
ribonucleoside triphosphates (rNTPs). The rNTPs are substrates
for T7 RNA polymerase, so this approach yields uniform label-
ing of the RNA. The four rNMPs can also be separated, convert-
ed into their triphosphates, and used to generate RNA oligo-
mers where only a subset of nucleotide types is isotopically
labeled.[9,11] It is also possible to overexpress the RNA in Escher-
ichia coli from a plasmid and then purify the expressed
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RNA.[12–14] This substantially reduces the cost and labor for pro-
ducing isotopically labeled RNAs, but this procedure is not
generally applicable because it requires the RNA to be highly
resistant to nuclease degradation in E. coli.

2.1. Selective isotopic-labeling procedures for RNA

Various isotopic-labeling strategies have been developed to
help simplify the resonance assignments and improve the
spectral properties of RNA oligomers. Rapid relaxation of the
nuclear spins becomes a major problem for larger molecules;
therefore, the ability to generate highly deuterated samples
has become critical for NMR studies of larger proteins. Several
complementary approaches have been developed for obtain-
ing highly deuterated and isotopically labeled RNAs. Nikono-
wicz and co-workers generated deuterated rNTPs by growing
E. coli in highly enriched 2H2O, with 15NH4Cl as the
only nitrogen source and 2H-enriched acetate as the
only carbon source.[15] The 2H,15N-labeled RNAs pro-
duced with these rNTPs had improved relaxation
properties for their exchangeable amino and imino
protons. This perdeuteration procedure also im-
proved the signal-to-noise ratio and reduced spectral
overlap in NOESY spectra. A further modification of
this procedure allowed back protonation of the H8
atoms on purines and H5 atoms on pyrimidines in an
otherwise highly deuterated and 13C,15N-labeled RNA
sample.[16] The presence of protonated and 13C-la-
beled bases in a mostly perdeuterated sample should
improve the relaxation properties and help simplify
resonance assignment of larger RNA systems.

Williamson and co-workers have developed a pro-
cedure for producing specifically labeled RNAs by
biosynthetically incorporating glucose into rNTPs.[17]

By starting from various combinations of uniformly
or specifically 13C- and/or 2H-labeled glucose, differen-
tial labeling of the proton and carbon atoms in the
ribose ring is possible. Since there is currently no in-
expensive commercial source for isotopically labeled
bases, the bases in these rNTPs are generally not la-
beled. This method has been used to produce RNAs
that are uniformly 13C-labeled in the sugar ring and
deuterated at the sugar 3’, 4’, 5’/5’’ positions.[17] This
gives NMR data on the best-resolved proton signals
in the RNA spectrum, that is, the sugar H1’�C1’/H2’�
C2’ and the base H2/H8/H5/H6 resonances.

Another selective labeling procedure developed by
Hoffman and Holland involves the growth of E. coli
on either 13CH3

12COONa or 12CH3
13COONa as the only

carbon source.[18] This approach leads to complemen-
tary distributions of 13C atoms in the rNTPs prepared
from the E. coli (see above). Thus, carbons that are
13C labeled in one growth condition are unlabeled in
the other. The RNAs produced with this selective la-
beling approach have simplified NMR spectra, which
facilitates assignments of the sugar and base proton
and carbon resonances.

Our group has recently grown E. coli by using 13C-formate
and 12C-glucose as the only carbon sources. In this combina-
tion, 13C-formate is site-specifically incorporated into the C8
position of adenine and guanine bases with >85% efficiency
(see inset in Figure 1), with no evidence of incorporation of
the label at other sites. Figure 1 also shows 2D 1H,13C-HSQC of
the base region of 13C8-labeled purine valine transfer RNA
(tRNAVal). The use of rNTPs from the E. coli grown on 13C-for-
mate leads to the production of specifically labeled 13C8-la-
beled purine RNAs. One valuable application of this specific-la-
beling technique is the elimination of 13C–13C couplings in the
purine ring, which can simplify the analysis of 13C relaxation
data (see Section 5).

For large RNAs, it is often helpful to segmentally label indi-
vidual domains. This is easily accomplished in some systems
by synthesizing the RNA in multiple pieces, where the individu-

Figure 1. The aromatic region of the 2D 1H,13C-HSQC spectrum of the uniformly 15N-la-
beled and purine 13C8-labeled native E. coli tRNAVal. At least 32 of the expected 39 purine
C8�H8 correlations are resolved in this spectrum. The sequence and secondary structure
of native E. coli tRNAVal is shown as an inset in Figure 4. The aromatic region of a 1D 1H
spectrum of 13C8-labeled rNMPs with no 13C decoupling during acquisition is shown in
the lower right corner. The H8 resonances coupled to 13C and 12C carbon atoms are high-
lighted for both G and A. The ratio of the peak intensities was used to estimate that C8
is �87% 13C labeled. The 15N,13C8-labeled native E. coli tRNAVal sample was obtained by
overexpression of E. coli BL21(DE3) cells containing the pVALT7 plasmid.[12, 14] Cells were
grown with 15(NH4)2SO4 (2 gL�1) as the sole nitrogen source and with 12C-glucose (2 gL�1)
and 99% 13C-formate (200 mgL�1; Cambridge Isotopes Laboratories, Inc. , Andover, MA)
as the carbon sources. The purification of tRNAVal was performed as described previous-
ly.[14] This yielded a 1.8 mm tRNAVal sample in 10 mm NaPO4 (pH 7.0), 80 mm NaCl, 5 mm

MgCl2, 0.1 mm EDTA (pH 8.0), and 10% D2O. For the 13C8-labeled rNMP sample, complete
RNA was digested into monomers and exchanged into D2O. All NMR experiments were
preformed on a 500 MHz Varian INOVA spectrometer equipped with a Varian pulsed-field
gradient HCN probe at 25 8C. The 2D 1H,13C HSQC spectra on tRNAVal were collected with
256M1024 (t1,t2) complex points and 252 scans per FID. Spectra were processed with the
NMRPipe/NMRDraw software and analyzed with the Sparky program.[91, 92]
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al strands are held together by double-helical regions (such as
the hammerhead ribozyme shown in Figure 9A, below). In
other RNAs it is not possible to form a stable functional mole-
cule by combining multiple strands. To overcome this problem,
Puglisi and co-workers have described a method for the liga-
tion of differentially labeled strands utilizing T4 RNA ligase and
have applied this to an NMR study of the 310-nucleotide inter-
nal ribosome entry site (IRES) RNA.[19] The T4 RNA ligase has
specific nucleotide and loop-forming requirements for efficient
ligation,[20] but if these criteria are met, it can give high yields
for ligation. Figure 2 shows a schematic representation of the
procedure in which a 50% yield of purified ligated IRES RNA
was obtained. NMR studies showed that the secondary struc-

ture of the isolated domain II is the same as domain II in the
full IRES RNA. Segmental-labeling approaches, with or without
ligation, will be essential for studies of larger RNAs.

2.2. Improved methods for purification of RNA

After production of the RNA by in vitro transcription, the
target RNA must be purified from the reactants, template, and
abortive transcripts. Traditionally, denaturing (8m urea) PAGE is
used to purify RNA. This method has the advantage of being
able to separate large quantities of RNA with single-nucleotide
resolution. Two different HPLC strategies have been used to
purify RNA: ion-pairing reversed-phase HPLC and denaturing

anion-exchange HPLC.[21] For ion-pairing reversed-
phase HPLC, a hydrophobic positively charged
counter ion is used, and the RNA is eluted by in-
creasing the concentration of this counter ion. For
anion-exchange HPLC, heating of the column dena-
tures the RNA, and increasing salt concentration
elutes the RNA. In our experience these HPLC meth-
ods work well for separating smaller RNAs but are
not able to resolve large RNAs (>30 nucleotides) as
well as PAGE. All three of these techniques require
that the purified RNA is desalted, dialyzed into ap-
propriate buffer, and refolded into its active confor-
mation.

Lukavsky and Puglisi have recently employed
size-exclusion chromatography to purify large RNAs
produced by in vitro transcription with T7 RNA
polymerase.[22] Transcription from a linearized plas-
mid template often produces relatively pure tran-
scripts for larger RNAs, especially when the tran-
script is processed to eliminate 3’ heterogeneity.[6]

This method was used to produce a large IRES RNA
(310 nucleotides). The restriction endonuclease and
T7 RNA polymerase were removed from the tran-
scription reaction by phenol/chloroform extraction.
The target RNA was then purified away from the lin-
earized template by size-exclusion chromatography.
This method produced high-purity IRES RNA in
NMR spectroscopy quantities.

A general, very efficient, affinity-tag-based purifi-
cation procedure has recently been reported by
Kieft and Batey.[23] The target RNA (RNA X in
Figure 3) is cloned into a transcription vector con-
taining both a mutant hepatitis delta virus ribozyme
and an affinity-tag RNA on the 3’ side of the target
RNA. The mutant hepatitis delta virus ribozyme re-
quires high levels of imidazole for activity and
therefore little or no cleavage occurs during the
transcription reaction. The affinity tag consists of
two stem loops from the Thermotoga maritima
signal-recognition particle (SRP) RNA that bind with
very high affinity to the T. maritima SRP protein Ffh.
Figure 3 shows the general scheme for RNA purifi-
cation. After in vitro transcription, the entire reac-
tion is passed over an affinity column to which the

Figure 2. Schematic of the procedure for producing segmentally 15N-labeled IRES RNA.
Hammerhead ribozymes and in vitro transcription conditions were used to ensure that
the proper 5’ and 3’ ends were produced for ligation by T4 ligase. Domain II is 15N-la-
beled whereas the rest of the IRES RNA is unlabeled. Reproduced from ref. [19] with
permission. Copyright (2002) American Chemical Society.
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T. maritima Ffh protein has been immobilized. Full-length tran-
scripts bind to the column and incomplete transcripts and un-
incorporated nucleotides are eluted. The target RNA is then
cleaved by the addition of imidazole and eluted from the
column. Washing with high concentrations of ethylenediamine-
tetraacetate (EDTA) can regenerate the column because the af-
finity tag SRP RNA does not bind in the absence of Mg2+ . This
procedure enormously facilities the purification of homoge-
nous length RNA and is likely to become the standard method
for large-scale production of RNAs. Another advantage of this
method is that it avoids denaturing the RNA, which may be
important for obtaining fully active larger RNAs.[23]

3. Direct Detection of Hydrogen-Bonding
Interactions

The HNN-COSY experiment represents a powerful method for
directly observing hydrogen-bonding interactions in 15N-la-
beled nucleic acids. For standard Watson–Crick base pairs, this
experiment correlates the donor and acceptor nitrogen atoms
for hydrogen bonds involving the T/U or G imino protons.[24,25]

Figure 4 schematically shows the magnetization transfer path-
way for this experiment in A–U and G–C base pairs. The critical
aspect of this experiment is that magnetization is transferred
across the hydrogen bond through the two-bond scalar cou-
pling (2JNN’). The HNN-COSY experiment very efficiently transfers
magnetization and therefore can be applied to larger RNAs, as
illustrated by the spectrum of 15N-labeled native tRNAVal shown
in Figure 4.

The sizes of the 2JNN’ coupling constants have been mea-
sured for canonical and noncanonical base–base interactions
in a variety of DNA and RNA systems, and both empirical and
theoretical studies have correlated hydrogen-bond strengths

and lengths with the measured 2JNN’ coupling constants.[24–33]

As a larger database of these 2JNN’ coupling constants becomes
available, it may be possible to incorporate this coupling con-
stant data directly into RNA structure refinements.

It is also possible to directly observe hydrogen-bonding in-
teractions for an imino proton donor and carboxyl oxygen ac-
ceptor in HN(N)-TOCSY and long-range H(N)CO experiments
which transfer magnetization through 4JNN and 3JNC’ couplings,
respectively.[27,34] These are more challenging experiments due
to the additional magnetization transfers and the smaller size
of these couplings, and thus, the application of these methods
to larger RNAs may be more limited.

The HNN-COSY experiment and its variants have been used
to unambiguously determine specific base-pair formation in a
variety of nucleic acids.[26,27,35,36] This experiment has also been
used to distinguish between possible secondary structures in
RNAs. Since there is a large chemical shift dispersion of the ni-
trogen signals, the types of nitrogen atoms involved in the hy-
drogen bond (N1, N3, N7, or N9) can often be determined.
Butcher and co-workers utilized this strategy to define the sec-
ondary structure of the U2–U6 small nuclear RNA from the Sac-
charomyces cerevisiae spliceosome complex.[37] The 73-nucleo-
tide construct contained the region in the U2–U6 RNA com-
plex closest to the pre-mRNA binding site. The 1H,1H-NOESY
and HNN-COSY experiments identified a G–U wobble and two
U–U base pairs, thus indicating that this RNA forms a four-way
junction.

The HNN-COSY experiment was also applied to adenine and
guanine riboswitches by Schwalbe and co-workers.[38] These
purine-sensing RNAs specifically bind adenine or guanine as
part of the regulation mechanism in the metabolic pathway of
these bases. The HNN-COSY experiment was used to identify
hydrogen-bond donors and acceptors involved in the specific
recognition of the ligand by the individual riboswitches. For
example, the HNN-COSY spectrum of the complex between a
15N-labeled adenine ligand and a 15N-uridine-labeled adenine
riboswitch revealed a Watson–Crick base pair between the ad-
enine ligand and a uridine residue in the riboswitch (Figure 5).
An analogous Watson–Crick interaction was observed between
the guanine ligand and a cytidine residue in the guanine ribo-
switch. Hydrogen-bonding interactions were also detected be-
tween the N3/N9 face of the adenine ligand and the N3 of a
uridine residue in the riboswitch, as illustrated in Figure 5. By
combining data for the various base-pairing interactions, the
specific mechanism that each riboswitch uses to discriminate
between purine bases was determined.[38]

The two studies presented above did not rely upon com-
plete resonance assignments. Instead, 1H,1H correlations from
NOESY experiments and hydrogen-bonding interactions from
HNN-COSY experiments were used to determine the secondary
structure or the mechanism for ligand binding. These examples
demonstrate how NMR spectroscopy can be used to unambig-
uously identify standard secondary structure, noncanonical
base pairing, and novel ligand–RNA interactions in RNAs.

Figure 3. Schematic of the native purification procedure for in vitro tran-
scribed RNA by using an RNA affinity tag. The RNA is put on an affinity
column that has the T. maritima Ffh protein immobilized (TmaM) on it. The
RNA of interest (RNA X) is removed from the SRP RNA affinity tag by cleav-
age of the hepatitis delta virus (HdV) mutant C75U with imidazole. The
column can be regenerated by addition of EDTA because the RNA affinity
tag does not bind to the Ffh protein in the absence of Mg2+ . Reproduced
from ref. [23] with permission. Copyright (2004) Cold Spring Harbor Labora-
tory Press.
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4. Applications of Residual Dipolar Couplings
for Probing the Structure and Dynamics of
RNA

Proton–proton distance constraints derived from 1H,1H nuclear
Overhauser effects and torsion-angle constraints derived from
three-bond scalar coupling constants provide tremendous
amounts of short-range data for determining the local struc-
ture of macromolecules in solution. However, these data do
not provide long-range structural information, thereby limiting
the extent to which the global structure of a molecule can be
determined. The lack of long-range structural data is especially
critical in nucleic acids, where the local double-helical structure

can be precisely determined but it is usually not pos-
sible to determine the extent of a helical bend or the
relative orientations of helical regions.[39]

Thus the ability to obtain high-resolution multidi-
mensional NMR spectra in partially ordered systems,
facilitating measurement of residual dipolar couplings
(RDCs), is revolutionizing global-structure determina-
tions of nucleic acids.[40–42] In normal isotropic solu-
tions, dipolar couplings average to zero; however,
partial ordering leads to “residual” dipolar couplings.
If the distance between two NMR-active nuclei is
known (for example, in bonded 1H�15N or 1H�13C
groups), the relative orientation of these internuclear
vectors can be determined. RDCs provide a large
number of long-range structural constraints that
complement the standard NOE and J coupling con-
stant data, therefore allowing for more accurate de-
termination of global structures of large RNAs.[42]

4.1. Improved pulse sequences for measurement
of RDCs in RNA

A wealth of information for the local and global
structure of proteins is being obtained from back-
bone 1H�15N one-bond RDCs.[42] However, 15N label-
ing in RNA only yields a limited number of 1H�15N
RDCs, because many of the G and U imino proton
resonances are not observed due to rapid exchange
with water. Only the subset of imino protons that
form stable intra- or intermolecular hydrogen-bond-
ing interactions can be used to measure RDCs. There-
fore, 13C labeling (or 13C at natural abundance) is
needed for measuring one-bond 1H�13C RDCs. The
best resolved and most easily measured one-bond
1H�13C RDCs are those of C2�H2 in adenine, C8�H8
in purines, C5�H5 and C6�H6 in pyrimidines, and the
ribose C1’�H1’. Spectral overlap in standard 2D
1H,13C-HSQC experiments limits the number of one-
bond residual dipolar couplings that can be obtained
for other groups in the ribose rings of RNAs.

Hydrogen-bonding interactions between aromatic
bases are the major determinate for secondary struc-
ture formation in nucleic acids. Thus, the relative ori-
entations of the bases, including detailed helical pa-
rameters, are commonly used to describe nucleic

acid structures.[43] Since the bases have a fixed geometry, only
three linearly independent RDCs are needed to predict all
other RDCs in the planar base ring.[44,45] However, measure-
ment of additional base RDCs improves the accuracy of the
RNA structure determinations.

Various methodologies have been recently developed for
generating additional RDC data for the bases in RNAs. Three
suites of experiments have been described for measuring one-
and two-bond RDCs in the base, as well as between the N1/N9
and C1’ atoms in RNAs.[44–46] SklenPr and co-workers utilize
spin-state-selective excitation experiments to measure 8–
10 RDCs in the purine rings and 10–15 RDCs in the pyrimidine

Figure 4. Imino region of the 2D HNN-COSY spectrum of uniformly 15N-labeled native
tRNAVal with some representative JNN’ correlations highlighted. The upper inset shows the
magnetization transfer steps for the 2D HNN-COSY. Magnetization is transferred from the
imino proton to the imino nitrogen (arrow labeled a). The magnetization is then transfer-
red across the hydrogen bond during a mixing time (arrow labeled b). After frequency la-
beling in t1, the magnetization is transferred back to the imino proton through the re-
verse process. The lower inset shows the secondary structure of the native E. coli tRNAVal

used in this study. Peaks below 190 ppm in the 15N dimension are of the opposite sign.
15N-labeled native tRNAVal was overexpressed and purified as described in the legend of
Figure 1. This HNN-COSY experiment was preformed on a 600 MHz Varian INOVA spec-
trometer equipped with a pulsed-field gradient HCN probe at 25 8C. 512M1024 complex
points and sweep widths of 5900 and 20000 Hz were collected in t1 and t2. The 15N carri-
er was set at 186.7 ppm. A mixing time of 15 ms was used for the NN-COSY transfer
step. A total of 128 scans were taken per FID. Spectra were processed with the
NMRPipe/NMRDraw software and analyzed with the Sparky program.[91, 92]
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rings.[44] Bushweller and co-workers described a suite of six
multiple-quantum HCN-based experiments to measure four
purine and six pyrimidine one- and two-bond RDCs around the
C6/8 and C1’ atoms.[46] Bax and co-workers described 3D-
TROSY-based pulse sequences for the measurement
of three or four RDCs in purines and seven RDCs in
pyrimidines.[45] Scheme 1 shows which RDCs can be
measured for each of these three approaches. New
experiments are also being developed for the assign-
ment of quaternary carbon signals in the bases,[47,48]

thereby providing additional avenues for measuring
base RDCs.

Given the numerous torsion angles in the sugar–
phosphate backbone of nucleic acids, it is challeng-
ing to adequately define the backbone structure of
nucleic acids from NMR data. By using standard NOE
and torsion angle data, the critical structural informa-
tion used to determine the conformation of the
sugar-phosphate backbone is most likely to be de-
rived from distance constraints between the bases,
instead of constraints for the sugar or phosphate
groups. Thus, additional structural data on the
sugar–phosphate backbone will lead to higher reso-
lution RNA structures.

Bax and co-workers have developed a suite of 2D
and 3D experiments where up to five one-, two-, and
three-bond RDCs can be measured for the ribose
sugar (as well as the sum of various RDCs).[49,50] These
methods focus on the simultaneous measurement of

RDCs involving the ribose C5’�H5’/H5’’ group, as well as the
H1’�C1’�C2’�H2’ group, as illustrated in Scheme 2. In some of
these experiments, several RDCs are measured multiple times
to provide higher precision and accuracy for the RDCs. Valluru-
palli and Moore, as well as Bax and co-workers, have devel-
oped 3D HcCH-COSY and 3D relay HcCH-COSY experiments
that reduce spectral overlap, thereby yielding additional RDCs
for the C2’�H2’ and C3’�H3’groups.[51,52] A 3D experiment has
also been developed for improved measurements of three-
bond C2’�P and C4’�P RDCs.[53] Some of these techniques
have only recently been developed, and thus they have yet to
be generally applied. It will be interesting to see how these ad-
ditional RDC constraints for the sugar and phosphate moieties
improve the quality of NMR structure determinations of RNA.

The procedures described above have focused on the mea-
surement of RDCs for nuclei separated by one, two, and three
bonds. Long-range 1H–1H residual dipolar couplings, contain-
ing distance and orientational information, can also be mea-
sured. The 1/r3 distance dependence has been used in our lab-
oratory to measure long distances (�7 Q) between isolated H2
protons in adenines in a DNA double helix,[54] but the large
number of short-range 1H–1H RDCs hinders practical measure-
ment of most long-range 1H–1H RDCs. Bax and co-workers
have recently demonstrated a procedure for removing homo-
nuclear couplings outside a selected bandwidth.[55] This selec-
tion procedure was applied to H1’ and H5 resonances, and
several RDCs between protons separated by over 9.0 Q were
observed. These long-range distance and orientational con-
straints will provide additional data for calculating structures
by using only RDC data.

Figure 5. Imino region of the 2D HNN-COSY spectrum of the 13C,15N-uridine-
labeled adenine-responsive riboswitch in complex with 13C,15N-labeled ade-
nine. Correlations between two uridine imino groups on the RNA and the
N1 and N3 of the adenine are shown as dashed lines, unambiguously identi-
fying hydrogen bonding between these groups. The inset shows N�H···N hy-
drogen-bonding interactions deduced from the HNN-COSY spectrum.
Arrows indicate correlations seen in 1H–1H NOESY spectra. Reproduced from
ref. [38] with permission. Copyright (2005) National Academy of Sciences.

Scheme 1. One- and two-bond RDCs that can be measured in bases by various NMR ex-
periments. The 1DNH value here is set to 25 Hz, and the color of an arrow represents the
relative magnitude of the RDC (red=50 Hz, blue=25 Hz, green=6–8 Hz, orange=2–
3 Hz). The set of RDCs that can be measured from A) three HCN, HNC, and HCC experi-
ments developed by SklenPr and co-workers,[44] B) six 3D multiple quantum HCN-based
experiments developed by Bushweller and co-workers,[46] and C) two 3D TROSY-based
experiments developed by Bax and co-workers.[45]
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4.2. Determining the global structure of larger RNAs from
RDC data

Our group has used RDCs to determine the helical stem orien-
tations for several different tRNAs as well as the three stems in
the minimal construct of the hammerhead ribozyme.[14,56, 57]

Analysis of the 1H�15N RDCs showed that the helical domains
in 15N-labeled native tRNAVal orient as a single rigid species;
this means that these data can be used to determine the rela-
tive orientation of the two helical arms in the tRNA.[56] These
studies showed that, by assuming an A-form geometry for the
double-helical stems, it is possible to determine the global fold
of the tRNA from a relatively small number of RDCs (27 in
total). Figure 6 shows a comparison of a model for tRNAVal de-

rived from the X-ray crystal structure of tRNAPhe and the model
for tRNAVal determined from the RDC data. The calculated
angle between the two arms was 998, whereas angles of 76–
968 have been observed in the 4 crystal structures of free
tRNAs. More recent studies that compared the global structure
and dynamics of native and unmodified tRNAVal[14] used simula-
tions to show that structural noise,[58] as opposed to uncertain-
ties in RDC values or in estimates of alignment-tensor magni-
tudes, was the primary source of imprecision in determining
the global structure of helical domains in RNAs.

The global structure of the minimal hammerhead ribozyme
has been determined from a set of 1H�15N and 1H�13C RDCs,
complemented with additional NOE restraints.[57] The hammer-
head ribozyme consists of three helical regions surrounding a
conserved catalytic core. The determination of the global ori-
entation of three domains represents a major challenge if the
RDCs are all obtained from a single alignment tensor. RDC
data have a 4(n�1)-fold degeneracy for determining the global
orientation of any number of n domains, which leads to
16 possible solutions for this 3-domain hammerhead
system.[57,59] Although most of the 16 solutions were ruled out
by the covalent structure, other data, such as NOE restraints,
were required to select the correct conformation. The results
show that the hammerhead ribozyme has a rather extended
structure in solution in the absence of Mg2+ (Figure 7). This
global structure is very different from the more compact Y-
shaped X-ray crystal structure determined in the presence of
Mg2+ .

The NMR spectroscopy solution structure of the IRES
domain II was determined by Puglisi and co-workers, with RDC

data providing the global-struc-
ture information.[60] The IRES
domain II contains two subdo-
mains (IIa and IIb), and local
structural restraints were ob-
tained from NMR studies on
each of the smaller subdomains.
This local structural information
was combined with the RDCs for
the entire molecule to yield the
final structure of the entire
domain. The inclusion of this
RDC data dramatically improved
the structure determination of
the entire domain II and reduced
the root mean square deviation
(rmsd) from 7.48 to 2.18 Q, as il-
lustrated in Figure 8. Inclusion of
these global restraints made it
possible to determine 2 helical
bend angles, the first of approxi-
mately 85�108 within subdo-
main IIa between the upper and
lower portions of domain II and
the second of approximately
47�138 within subdomain IIb
between a loop E motif and an

Scheme 2. One-, two-, and three- bond RDCs that can be measured in the
ribose ring by 2D and 3D 1H,13C correlation experiments. A narrow black
arrow indicates that a single RDC is measured and a thick grey arrow indi-
cates the sum of two RDCs. A) The 1DC5’H5’,

1DC5’H5’’, and 2DH5’H5’’ values are
measured in a 2D spin-state-selective HSQC.[49] B) A set of five RDCs for the
H1’�C1’�C2’�H2’ are measured from a single 3D HCC experiment.[50]

Figure 6. Comparison of the X-ray crystal structure model for native E. coli tRNAVal (in red) with the global struc-
ture determined from 1H–15N imino RDC data on native E. coli tRNAVal (in green). The structure from the RDC data
assumed A-form geometry for the acceptor and anticodon helical arms. The X-ray crystal structure model for the
E. coli tRNAVal was derived from the X-ray crystal structure for yeast tRNAPhe. The acceptor arms in the two struc-
tures are superimposed. The structures on the right are rotated by 908. Reproduced from ref. [56] with permission.
Copyright (2000) American Chemical Society.
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asymmetrical bulge. Thus, RDC data can be used to determine
global structures and orientations and have been successfully
applied to RNAs larger than 25 kD.

4.3. Methods for aligning RNA for measurement of RDCs

One method for creating anisotropic solutions for RDCs simply
utilizes the magnetic susceptibility of a molecule to align in a
magnetic field.[61] This alignment scales with the square of the
magnetic field, and the RDCs are extracted from analysis of
coupling data at multiple fields. Magnetic-field alignment of
macromolecules is becoming more feasible with the availability
of ultrahigh field (800 and 900 MHz) NMR systems and may be
especially valuable for measuring RDCs in nucleic acids, due to
the large magnetic susceptibility of DNA and RNA double heli-
ces.[62,63] Although magnetic alignment is the least perturbing
method for measuring RDCs, it is limited because the degree
of alignment cannot be modulated at a given magnetic field.
Thus, a large number of different alignment media have been
developed for proteins and nucleic acids, with Pf1 filamentous
phage, bicelles, and polyacrylamide gels being the most
widely used in RDC studies.[42]

Measurement of multiple alignment tensors enormously
simplifies the global-structure determination of macromole-
cules in solution. This is because analysis of RDC data from
two or more independent alignment tensors eliminates the
natural fourfold degeneracy for orienting two domains from
RDCs.[64] It is not easy to obtain several independent alignment
tensors for nucleic acids, because most of the current align-
ment media yield essentially equivalent alignment tensors for
a given DNA or RNA (unpublished results). The two most
promising methods for obtaining independent alignment ten-
sors in studies of RNA are magnetic-field alignment and para-
magnetic alignment. One of the earliest measurements of
RDCs in nucleic acids utilized a paramagnetic metal to align a
G-quartet system.[65] The G-quartet has natural strong metal-
binding sites where a variety of metals can bind without signif-
icantly changing the structure of the G-quartet. However, in
many RNA systems, paramagnetic metals lead to alternative,
often inactive or incorrectly folded, structures. Thus, a more
general approach will be to develop paramagnetic tags[66] that
can be connected to an RNA, thereby leading to a very differ-
ent alignment tensor for the molecule. As ultrahigh magnetic
fields and easily incorporated nonperturbing paramagnetic
tags become more available, these techniques will become val-
uable tools for the alignment of RNAs.

4.4. Studies of RNA dynamics from RDC data

RDCs can also be used to obtain information on dynamics in
macromolecules.[67] Bax and co-workers analyzed a large
number of RDCs in the Dickerson dodecamer and showed that
some sugar rings in the DNA duplex were undergoing rapid
conformational exchange between 2’-endo and 3’-endo sugar
puckers.[68] In another example of the analysis of conformation-
al dynamics from RDC data, Patel and co-workers extracted the
amplitude and direction for the motions of the two helical do-
mains in the HIV-1 TAR RNA.[69,70] The TAR RNA consists of two
helical domains separated by an asymmetric three-nucleotide
bulge. The RDCs were analyzed to determine whether the two
domains orient with the same alignment-tensor magnitudes.
For rigid domains, the alignment-tensor magnitudes (or equiv-
alently the generalized degree of order (#) and the asymmetry
parameter (h)) for the individual domains should be identi-
cal.[71] In studies on the tRNA, hammerhead, and IRES systems
(discussed in Section 4.2), similar alignment tensors were ob-
served for individual domains in each of these RNAs; this is
consistent with the RNA orienting as a single rigid species.
However for the TAR RNA in the absence of Mg2+ , large differ-
ences were observed in # values between the two stems; this
suggests that these helical domains experience different de-
grees of alignment and therefore are not orienting as a single
rigid species.[69] The amplitudes of the motion can then be esti-
mated from analysis of the RDC data, but this is challenging
since the results depend upon the particular motional model
employed. A cone model of motion was employed for the TAR
RNA and gave an amplitude of motion of �468 between the
helical domains. Additional RDC studies on the molecule in the
presence of 4.5 mm Mg2+ showed no evidence for interdomain

Figure 7. Global conformations of the minimal hammerhead ribozyme A) de-
termined in solution from 1H–15N and 1H–13C RDC data in no Mg2+ condi-
tions and B) the X-ray crystal structure in the presence of Mg2+ . The inter-
stem angles are shown and the conserved core residues are shown in
yellow, red, and purple. Reproduced from ref. [57] with permission. Copy-
right (2002) American Chemical Society.

Figure 8. Solution structure of IRES domain II. The heavy-atom superimposi-
tion of the final family of 20 structures on the left was calculated with only
NOE and J coupling constant restraints. The superimposition of 12 structures
on the right illustrates the improvement in global structure by also including
RDC restraints. The addition of these RDC restraints lowered the overall
rmsd from 7.48 to 2.18 Q. Reproduced from ref. [60] with permission. Copy-
right (2003) Nature Publishing Group.
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motion in TAR,[70] thereby demonstrating that Mg2+

affects not only the structure but also the dynamics
of RNA in solution.

5. NMR Relaxation Studies of Microsec-
ond to Millisecond Dynamics in RNAs

A better understanding of the biological function of
RNA requires information on both the structure and
dynamics of the molecule. The conformational dy-
namics that are important for biological activity occur
over a wide range of timescales. Fast librational mo-
tions on the ps to ns timescale allow molecules to
sample multiple conformations with small energetic
barriers. NMR techniques have been used to study
slower ms to ms timescale motions such as stem reor-
ientations,[71] base-pair opening,[72] sugar-pucker con-
formational averaging,[73] and base flipping.[74] Hetero-
nuclear spin relaxation measurements represent a
powerful approach for probing conformational
changes occurring on these slower timescales. These
methods are commonly used in protein systems but
have only more recently been applied to RNAs.[75–77]

Motions on the ms timescale can be studied by
analysis of the power dependence of transverse rotat-
ing-frame relaxation rates (R11). The R11 experiment
employs a variable-length spin-lock field to continu-
ously refocus the transverse magnetization.[78] The de-
pendence of the R11 value on the strength of the spin-lock
field gives information on the chemical exchange lifetime (tex)
between two states according to Equation (1), where R11 is the
measured relaxation time, pa and pb are the fractional popula-
tions of the two states, Dw, is the chemical shift difference be-
tween the two states, w1 (where w1=gB1=2pn1) is the spin-
lock power (in rads�1), and R1

11 is the relaxation time at infinite
spin-lock power.[79,80] The rate constant for the exchange pro-
cess, kex=t�1

ex , is the sum of the forward and reverse micro-
scopic rate constants for two-site exchange.

R11 ¼ R1
11þpapbðDwÞ2 tex

1þw2
1t

2
ex

ð1Þ

Here we present the analysis of the power dependence of R11

to probe the dynamics in the small catalytic RNA, the minimal
hammerhead ribozyme.[81,82] The sequence and secondary
structure of the hammerhead ribozyme–substrate complex are
shown in Figure 9A. We employed a 13C,15N-adenosine-labeled
ribozyme strand complexed with an unlabeled noncleavable
substrate strand (in a 1:1 ratio). For RNAs, the purine C8 and
C2 spins are excellent candidates for power dependence of R11

measurements because they are not complicated by the 13C�
13C cross-correlated relaxation observed for the sugar and the
pyrimidine C5/C6 spin systems.[83,84] A series of R11 experiments
were performed on the hammerhead complex in the absence
of Mg2+ by using 12 spin-lock times ranging from 4–50 ms and
6 spin-lock powers (n1) ranging from 1.00–6.70 kHz.

The R11 relaxation rates were determined by fitting the ex-
tracted peak volumes to a single-exponential decay function.
The effective spin-lock field, weff, for individual resonances was
corrected for off-resonance effects with Equation (2), where W

is the resonance offset (in rads�1) from the applied B1 field.

weff ¼ ðw2
1þW2Þ1=2 ð2Þ

The observed R11 rates, Robs
11 , also contain contributions from

both transverse and longitudinal relaxation and were corrected
for the rotating-frame axis tilted off-resonance from horizontal
according to Equation (3), where q= tan�1(w1/W) is the angle
of the axis from vertical.[85] The variation for the tilt angles (q=
76–888 and 86–898 at 1.00 and 3.60 kHz, respectively) results
from resonance offsets ranging from 44–245 Hz (maximum for
A2.3 C8 in the hammerhead system; Figure 9).

Robs
11 ¼ R1cos2qþR11sin

2q ð3Þ

The R1
11 value in Equation (1) was estimated from Equation (4),

where hR11/R1i is the average ratio for residues that show no
evidence of chemical exchange (A2.3 and A2.3L in the ham-
merhead system; Figure 9).

R1
11 ¼

�
R11

R1

�
R1 ð4Þ

The use of this hR11/R1i ratio to calculate R11 assumes an iso-
tropic correlation time.The corrected R11 rates as a function of

Figure 9. The aromatic region of 2D 1H,13C R11 spectra of the 13C,15N-adenosine minimal
hammerhead ribozyme A) in the absence of Mg2+ and B) with 1.0 mmMg2+ . The inset
shows the sequence and secondary structure of the minimal hammerhead ribozyme
where the bold typeface is the 13C,15N-adenosine labeled enzyme strand and the regular
typeface is the unlabeled substrate strand with a noncleavable deoxyribose at the cleav-
age site. Adenosine residues with C8 resonances that have significant power depend-
ence for R11 in no Mg2+ conditions are outlined in the secondary structure. Both 2D spec-
tra employed a spin-lock time of 4 ms with spin-lock powers of 2255 and 1791 Hz, with
and without Mg2+ , respectively. Assignments of adenosine H8�C8 resonances in no
Mg2+ conditions are shown.[57] As seen in (B), some adenosine H8�C8 resonances exhibit
line broadening upon addition of Mg2+ . Samples consisted of 0.8 mm complex, 100 mm

NaCl, 25 mm
2H4-succinate, and 0.1 mm EDTA (pH 5.5) in 100% 2H2O. All R11 experiments

were performed on a 500 MHz Varian INOVA spectrometer at 25 8C and employed a spin-
lock sequence during the relaxation delay[78] with a modification to include a 1808 15N-
decoupling pulse during the t1 period. Spectra were acquired with 80 complex points in
the indirect dimension and 32 scans per FID and were processed with the NMRPipe/
NMRDraw software and viewed with the Sparky program.[91,92]
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neff (Figure 10) are fitted to Equation (1) by using a two-param-
eter nonlinear Levenberg–Marquardt least-squares minimiza-
tion with weighted error propagation to give papb(Dw)2 and
tex.

Four of the five adenosines in the core (A6, A9, A13, and
A15.1) show exchange lifetimes for their C8 positions of 19–
27 ms; this demonstrates that the core is highly dynamic
(Table 1). It is not possible to tell if these effects arise from con-
certed motions within the core or if these residues are experi-
encing independent dynamics on the ms timescale. Residue
A2.4L in the GAAA tetraloop also shows a strong power de-
pendence of R11, with this C8 experiencing chemical exchange
with a lifetime �16 ms. These results demonstrate substantial
dynamics in the conserved core of this minimal hammerhead
ribozyme in the absence of Mg2+ .

RDC data were used to show that the minimal hammerhead
ribozyme forms an extended conformation in solution in the
absence of Mg2+ (see Section 4.2).[82] To achieve an active con-
formation, the minimal ribozyme must undergo a Mg2+-depen-
dent conformational rearrangement that brings stems I and II
into proximity while also reorganizing the core residues for in-
line attack of the 2’OH with the scissile phosphate group.[81,86]

The exchange lifetimes reported here for the adenine residues
in the core provide information on the dynamics of the ham-
merhead ribozyme in its extended conformation. Analogous
R11 experiments on the hammerhead ribozyme in the presence
of 1.0 mm Mg2+ show no power dependence of R11 for any ad-
enosine residues (data not shown). However the 2D 1H,13C R11

spectrum of the minimal hammerhead complex with 1.0 mm

Mg2+ does show evidence for chemical-exchange line broad-
ening for some adenosine residues (Figure 9B). Thus, 13C T2-
CPMG experiments were performed on this hammerhead com-
plex to probe for longer (ms) timescale motions. Unfortunately
the multiple 13C–13C couplings to the C8 from other carbon
atoms in the adenine ring interfere with the analysis of the T2-
CPMG data. The C8 and C4/C5/C6 carbon atoms all resonate in
a similar spectral region, thereby making it impossible to effec-
tively decouple the C8 from the C4, C5, and/or C6 carbon
atoms. Thus, the two- and/or three-bond 13C–13C J couplings
dominated the apparent relaxation in the T2-CPMG experi-
ments. Therefore, we were unable to determine whether there
are any slow (ms) exchange processes for the adenosine C8
spins in the hammerhead ribozyme with 1.0 mm Mg2+ .

As discussed in Section 2.1, we have developed a procedure
for selective labeling of C8 in purines by growth on 13C-for-
mate, and samples prepared by this method will not have any
13C–13C couplings. This should make it possible to acquire 13C
T2-CPMG data on the hammerhead ribozyme without the inter-
ference from 13C couplings. Furthermore, recent biochemical
studies on the hammerhead ribozyme show that if a naturally
occurring loop–loop tertiary interaction involving stems I and II
is added to the minimal construct, the ribozyme shows activity
at low Mg2+ concentrations (100 mm) and also has 100-fold
faster rates at higher Mg2+ concentrations.[87,88] It will be inter-
esting to see how a tertiary interaction between two loops
that are distant from the active site affects the structure and
dynamics of the residues in the conserved core.

6. Summary

The high degree of spectral overlap in unlabeled oligonucleoti-
des severely limits the application of solution NMR techniques
for RNAs. The development of efficient methods for the pro-
duction of isotopically labeled RNAs in the early 1990s dramati-
cally changed the extent to which NMR spectroscopy could be
used for studies on RNA.[9,10,89] The production of 13C- and 15N-
labeled RNAs allowed a wide range of heteronuclear multidi-
mensional NMR techniques to be applied to RNAs and made it
possible to routinely determine the solution structures of
small- to moderate-sized RNAs. Another revolutionary advance
in structure determinations by NMR spectroscopy was the de-
velopment of liquid-crystal methods for partially ordering bio-

Figure 10. Power dependence of the corrected R11 for the C8 resonances in
the 13C,15N-adenosine-labeled minimal hammerhead ribozyme. Residues in
the core are indicated by filled symbols whereas residues in helices and the
GAAA tetraloop are indicated by open symbols. The C8 resonances for core
residues A6, A9, A13, A15.1, and A2.4L in the tetraloop (red, blue, brown,
cyan, and black squares, respectively) show significant power dependence.
C8 resonances that show little or no power dependence are shown in gray.
The curves correspond to the two-parameter fitting of R11 rates measured at
each neff value to Equation (1), with parameter values summarized in Table 1.
The inset of Figure 9A maps the residues with power dependence (outlined)
onto the secondary structure of the hammerhead ribozyme.

Table 1. Chemical-exchange parameters for C8 positions of adenosine
residues in the minimal hammerhead ribozyme.[a]

Base R1
11 [s�1] W [Hz] tex [ms] papb(Dw)2 (M105)

A6 27 44 27�8.5 6�1.4
A9 24 77 23�6.1 12�2.4
A13 17 55 22�4.6 14�2.4
A15.1 26 178 19�4.7 13�2.2
A2.4L 25 44 16�4.0 25�2.2

[a] Data were extracted from a two-parameter fit of the power depend-
ence of R11 to Equation (1) (see text). R11 data were acquired with spin-
lock times of 4, 6, 8, 10, 14, 18, 22, 26, 30, 36, 42, and 50 ms and with
spin-lock powers of 1010, 1790, 2540, 3600, 5180, and 6700 Hz.
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molecules in solution, as reported by Tjandra and Bax in
1997.[40] The development of tunable orientation media permit-
ted the application of powerful RDC methods to solution NMR
studies of biomolecules. Novel applications of RDC data to bio-
molecules continue to be developed, with the vast majority of
these studies being performed on protein systems. More re-
cently, a growing number of NMR techniques have been devel-
oped for using RDC data to probe nucleic acid structure and
dynamics. The long-range structural information provided by
RDCs will probably have a much greater impact in studies of
nucleic acids than in proteins, due to the extended secondary
structure and limited number of NOE constraints in DNA and
RNA oligomers. Thus, the ability to measure large numbers of
RDCs should significantly improve structure determinations of
RNA. Another important advance in NMR studies of RNAs has
been experiments that directly observe hydrogen-bonding pat-
terns in DNA and RNA. In general, Watson–Crick base pairs can
be accurately determined by standard NOE techniques; howev-
er, the ability to directly identify hydrogen-bonding partners
allows noncanonical base–base interactions to be unambigu-
ously defined.

It is becoming increasingly clear that a detailed understand-
ing of the molecular function of a biomolecule requires infor-
mation on both the molecule’s structure and dynamics. RNAs
have long been known to adopt alternative conformations in
solution;[90] however, methods for determining the dynamics of
RNAs are not yet widely applied. One promising method for
monitoring global dynamics in RNAs involves analysis of RDC
data. With the assumption of a motional model, the amplitude
of motion of two separate domains can be determined from
the differences in the alignment tensors determined from RDC
data. This global information can be complemented with infor-
mation on local dynamics obtained from NMR relaxation ex-
periments. The timescale and/or amplitude of conformational
fluctuations can be modeled from relaxation experiments that
probe dipole–dipole, cross-correlation, or chemical-exchange
processes. Combined with specific-labeling approaches, these
methods have enormous potential for monitoring the motion
of individual nucleotides on the ps to ms timescale. Applica-
tion of these methods should permit studies of conformational
motions at timescales approaching the rates for some RNA
folding and catalytic processes. Taken together, these recent
advances in NMR methodologies are providing a wealth of
new biochemical information that will dramatically increase
our understanding of RNA structure, dynamics, and function.
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